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NMR spectroscopy is the method of choice for deter-
mining the structural details of unfolded and partially 
folded states of proteins. Here, the utility of NMR 
spectroscopy in characterizing such disordered states 
which populate protein folding pathways, is discussed. 
The relevance of the structural information obtained 
to protein folding mechanisms is examined critically. 
NMR spectroscopy can not only be applied directly 
for characterizing disordered states of proteins 
populated at equilibrium, but can also be applied 
indirectly, in concert with hydrogen exchange, for 
characterizing equilibrium as well as kinetic inter-
mediate states of proteins. Structural and dynamic 
characterization by NMR spectroscopy of protein con-
formations in the unfolded and intermediate state 
ensembles are important for elucidating the early 
events in protein folding, and for determining how 
folding is channelled along specific routes to attain the 
unique three-dimensional native protein structure. 

 
ONE of the most intriguing problems in biology today is 
to understand the mechanism by which a newly synthe-
sized linear polypeptide chain attains its functional three-
dimensional native structure. Crucial to understanding 
the mechanism of protein folding is to identify and delin-
eate the roles of partially folded (disordered) conforma-
tions that the polypeptide chain samples en route to the 
native state. While the existence of such folding interme-
diates, and the folding pathways defined by them, have 
been established for several proteins1,2, and have been 
used traditionally to explain how protein folding reac-
tions occur in biologically relevant time-scales3, their 
exact roles have been very difficult to define. In part, this 
is because there is still a paucity of detailed structural 
information available on protein folding pathways, espe-
cially in the sub-millisecond time domain where interme-
diates are initially populated. While the sub-millisecond 
time domain has recently become more accessible to 
folding studies, with the development of new methodolo-
gies, including laser-triggered methods4–6, pressure jump 
methods7,8 and microsecond-mixing methods9–12, the 
methods for structure determination that can be utilized 
in this or slower time domains are limited and very often 
indirect, for example, the protein engineering method13,14, 
time-resolved mass spectrometry15,16 or time-resolved 
fluorescence resonance energy transfer spectroscopy17,18. 

With the recent discovery of ultrafast folding proteins14, 
the time scales of experimental studies have merged with 
those of molecular dynamics simulations of protein 
(un)folding; consequently, the need for structural char-
acterization of protein folding pathways at atomic reso-
lution by experimental methods has been brought even 
more into focus. 
 The necessity for critically evaluating the roles of par-
tially folded intermediate conformations during folding 
has become even more pressing because two develop-
ments in the past decade have, in fact, eroded the impor-
tance ascribed previously to folding intermediates. The 
first has been the experimental demonstration that many 
proteins fold in a two-state manner without any detect-
able accumulation of folding intermediates19,20. While it 
is possible that intermediates are indeed populated tran-
siently, but that they cannot be detected because either 
they are too unstable21 or they follow the rate-limiting 
step in folding22, it is also possible that these proteins are 
genuine two-state folders that do not require intermedi-
ates to fold. The second has been the development of 
statistical models of protein folding, which describe 
folding intermediates not as discrete states but as ensem-
bles of conformations21,23–31. The protein reaches its 
minimum global free energy native state from a highly 
heterogenous unfolded state, and does so fast via multiple 
routes, where individual protein molecules may traverse 
their own trajectories over a multi-dimensional free energy 
landscape to finally converge to the native state21,23,24,31. In 
this view, intermediates are not only unnecessary for 
folding to occur, but may actually serve as kinetic traps 
that impede folding23,24. Clearly, whether intermediates 
play productive roles during folding has been called into 
question by these two developments. 
 Of course, in the cell, partially or fully unstructured 
forms of protein are not found only on protein folding 
pathways. Partially unfolded forms of proteins are impor-
tant for translocation across membranes32,33. Many pro-
teins are intrinsically unstructured under physiological 
conditions32–35. For example, many eukaryotic proteins or 
protein domains involved in signal transduction, tran-
scriptional activation, and cell cycle regulation, fold to 
their biologically active conformations only after inter-
acting with their binding partners or molecular targets32–34. 
In a recent survey of 31 genomes, four eukaryotic gen-
omes were predicted to have 27–41% of their proteins 
with disordered regions larger than 50 consecutive resi-
dues in length36, and the Drosophila melanogaster 
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genome was predicted to have a staggering 17% of 
proteins wholly disordered36. Apart from their signifi-
cance in normal cellular processes, partial or complete 
unfolding of some proteins appears to be associated with 
their aggregation, which leads to the development of a 
number of diseases37–39. Protein aggregation may also 
occur inside the cell because of a kinetic competition 
between correct folding and aggregation or degradation 
of partially folded or misfolded proteins39,40. Thus, char-
acterization of the structures of disordered states of pro-
teins has a relevance that extends well beyond the study 
of protein folding. 
 The power of Nuclear Magnetic Resonance (NMR) 
spectroscopy in determining the structures of folded pro-
teins in solution is evident in there now being more than 
2000 solution structures deposited in the protein data-
base, and newly developed NMR methods have extended 
the molecular weight limit for solution NMR spectro-
scopy to > 100 kDa (refs 41–43). What has, however, 
remained relatively under-appreciated is that NMR spec-
troscopy is the only tool that can be used to obtain struc-
tural information at atomic resolution about partially 
structured conformations of proteins, which do not form 
specific three-dimensional structures, and which instead 
fluctuate rapidly over ensembles of conformations. For 
the same reason, NMR spectroscopy is useful for char-
acterizing structurally the ensemble of unfolded confor-
mations sampled by a protein, in order to gain insights 
into the nature of the (un)folding free energy landscape 
available to it. Applications of NMR spectroscopy range 
from direct or indirect structural characterization of the 
kinetic folding process to structural and dynamic charac-
terization of partially structured and completely unstruc-
tured states of proteins at equilibrium. Proteins can be 
induced to adopt partially structured forms at equilibrium 
under specific conditions, usually at low pH or by muta-
genesis44, and recent developments in NMR technol-
ogy45,46 have made it the ideal method for characterizing 
these partially structured forms, whose relevance to 
direct folding pathways can be established in many cases. 
Many studies have brought out the immense utility of 
NMR spectroscopy as a tool for characterizing protein 
folding reactions (reviewed in 45–47). In fact, the exis-
tence and structural characterization of partially folded 
conformations on direct folding pathways was first 
shown conclusively by the use of pulsed hydrogen 
exchange (HX) experiments coupled to NMR48,49 and 
those studies were responsible to a large extent for the 
revival in the worldwide activity in protein folding 
research that has been evident over the past fifteen  
years.  
 This review aims to analyse structural data obtained by 
the use of NMR spectroscopy on disordered forms of 
proteins, to delineate the possible roles of such partially 
folded forms on protein folding pathways. The review 
assesses what has been learnt about the relative impor-

tance of hydrophobically collapsed structures and hydro-
phobic cores, local (secondary) structures such as turns 
and helices, and long range (tertiary) structures in defin-
ing the molecular features of protein folding reactions. In 
particular, the ability of local structures in unfolded 
forms to act as potential initiation sites for folding is 
examined critically. The first part of the review examines 
the use of the hydrogen exchange technique coupled with 
detection by NMR, to characterize in residue-specific 
detail not only kinetic intermediates that accumulate 
during protein folding, but also partially unfolded forms 
populated at equilibrium. The kinetic relevance of equi-
librium disordered forms to folding pathways is 
addressed. The second part of the review describes the 
direct application of NMR spectroscopy to calculate 
structural propensities in unfolded and partially folded 
forms of proteins at equilibrium. The use of NMR rela-
xation dynamics to obtain information about backbone 
motions and local interactions in disordered states of 
proteins is also discussed. This review does not discuss 
the results of real-time NMR studies and dynamic NMR 
studies, which have been reviewed recently in this jour-
nal50. 

Indirect NMR studies: Hydrogen exchange 
labelling coupled with NMR 

The hydrogen exchange (HX) technique exploits the con-
stant exchange of protein backbone amide protons with 
solvent protons to evaluate protein structure, stability and 
dynamics. Amide protons in the protein which are 
exposed to solvent exchange faster than those which are 
buried or form stable hydrogen bonds. HX can occur if 
the H-bond is broken transiently by local fluctuations of 
the protein chain, or by the global unfolding reaction51–53. 
HX rates of individual NH protons can be measured 
either by incubating normal (protonated) protein in D2O, 
or incubating 2H-labelled protein in H2O: the proton 
occupancy of each amide hydrogen site at each time of 
incubation is measured from the intensity of the corres-
ponding NH peak in a 1H NMR spectrum where 
deuterium is not visible. Amide protons exchange with 
solvent by proton transfer reactions, and are affected by 
pH, temperature, neighbouring side chains and the iso-
topes involved. All of these effects have been thoroughly 
calibrated54–56. Under experimental conditions where the 
rate of the structural opening event, as well as the intrin-
sic rate of exchange (k int) of a particular NH hydrogen 
(measured separately in a fully solvent-exposed peptide 
model) is slower than the rate of structural closing, the 
free energy of the opening reaction can be obtained as, 
∆Gop = –RT lnk ex/k int, where k ex is its observed rate of 
exchange51. The ratio of k int to k ex for an amide hydrogen 
yields its protection factor, which reflects the factor by 
which exchange is slowed down because of protection 
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from exchange with solvent protons that is imparted to 
the amide hydrogen site by the protein structure (hydro-
gen bonding and/or burial in the protein core). 
 The HX technique is extremely sensitive because it can 
access partially structured kinetic intermediates that are 
very short-lived, as well as intermediates that exist in 
small quantities as high-energy excited states in equilib-
rium with the native state57–59. HX combined with NMR 
detection can therefore provide site-specific structural 
information about protein (un)folding pathways and con-
formational dynamics. In most cases, the kinetics of 
attaining protection from HX can be correlated with the 
folding phases measured by traditional optical methods. 

Pulse-labelling by HX  

The most detailed structural models of transiently 
populated kinetic intermediates during folding come from 
experiments using the technique of pulse-labelling by 
HX57–61. In a typical experiment, the unfolded protein 
deuterated at all backbone amide sites is diluted into D2O 
refolding buffer. At different times after initiating the 
refolding reaction, a short exchange ‘pulse’ of protons at 
alkaline pH is given. Amide sites which are still unfolded 
or exposed to solvent, at the time of application of the 
pulse, exchange rapidly with the solvent protons, while 
those that have become protected by structure formation 
remain deuterated. The protein is then allowed to refold 
completely by jumping the pH down to a low value. At 
low pH, exchange is slow relative to folding, and so the 
amide sites do not undergo further HX. Thus, the struc-
ture of the protein at the time of the HX pulse is imprin-
ted in the degree of labelling of the individual amide 
sites, and can be detected by a 1H 2D COSY or TOCSY 
NMR spectrum of the folded protein. The rates at which 
individual amide sites get protected from exchange (or 
fold) can then be determined by following changes in 
their NH-CαH cross peak intensities in the NMR spectra, 
thereby providing insight into the residue-specific struc-
tural changes that occur during folding of the protein. A 
major limitation of the pulse-labelling technique is that 
only those protons which are strongly protected in the 
native state can be used to probe the structure of a fold-
ing intermediate; hence, the method is biased in favour of 
detecting native-like structure. Additionally, non-native 
interactions formed during folding, for example an amide 
proton hydrogen bonding to a non-native acceptor, are 
not likely to be detected, but information about non- 
native acceptors may be inferred from the patterns of pro-
tection of the amides62. 
 The capability of the pulsed quench-flow HX tech-
nique was first demonstrated on ribonuclease A (RNase 
A)48 and cytochrome c (cyt c)49. A kinetic intermediate 
with many protected amides in the native β-sheet struc-
ture was found to be populated early during the folding 

of RNase A48. Since the kinetics of refolding of the slow-
folding species of RNase A monitored by tyrosine absor-
bance were considerably slower than the folding rates 
measured for individual NH protons in the pulsed HX 
experiment, it was inferred that the formation of stable 
secondary structure precedes the formation of tertiary 
interactions, providing support for the framework model 
of protein folding. In later experiments63,64, the stabilities 
of folding intermediates of RNase A were probed by 
varying the pH of the exchange pulse63 in the range 7.6 to 
11, so that k int varied over at least a 104-fold range55. The 
probe protons forming a β-sheet in the native protein 
showed unexpectedly large protection early during 
refolding which increased with the time of folding. This 
indicated that the β-sheet is already formed but only 
marginally stable in the early folding intermediate, and is 
stabilized later during folding. These studies also showed 
that the early native-like intermediate is not fully popu-
lated at the time it is fully formed, which can be attrib-
uted to the formation of a competing off-pathway 
intermediate or to the existence of a competing folding 
pathway. In similar studies with cyt c, several amide 
protons in the N- and C-terminal helices were seen to 
become protected within the 4 ms dead time of the 
quench-flow apparatus used to carry out the experiments, 
suggesting that these helices are the first to fold49. 
 Pulsed HX experiments have shown that the folding of 
hen lysozyme occurs via multiple pathways65. Analysis 
of the kinetics of protection from HX of backbone 
amides indicated that assembly of the native helical seg-
ments occurs faster than the formation of β-strands 
during folding of the protein. Since the HX kinetics were 
found to be independent of the pulse pH for most of the 
probe protons, it could be inferred that the biphasic kine-
tics in these labelling experiments arose because of par-
allel folding routes, and were not due to the partial 
protection in a marginally stable folding intermediate on 
a sequential pathway. Refolding of lysozyme measured 
by far-UV CD showed that native-like secondary struc-
ture is acquired within 2 ms; yet no protection from HX 
was apparent, suggesting that the secondary structural 
elements formed are extremely labile at this stage of 
folding65. Similarly, in interleukin-1β, 90% of the native 
β-sheet structure forms within 25 ms of refolding moni-
tored by CD, but pulse-labelling experiments show that 
the backbone amide hydrogens are protected only after  
~1 s, indicating that the final packing of side chains in 
the β-sheets is necessary to make these H-bonds strong 
enough to provide protection66. 
 Recently, the technique of pulse-labelling by HX was 
used for the first time to study the unfolding reaction of a 
protein (Figure 1 a). This study demonstrated that com-
peting pathways for unfolding exist for RNase A67. Pro-
ton occupancies at a few amide hydrogen sites were seen 
to increase in a biphasic manner with time of unfolding, 
with substantial (35–60%) ‘burst-phase’ labelling (that
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Figure 1. a, Schematic representation of the experimental protocol used for characterizing the unfolding reaction of RNase A by 
pulsed HX experiments; b, Kinetics of exposure of backbone amide deuterons of RNase A. (•), The accessibility to exchange with 
solvent H2O protons vs time after initiation of unfolding in 5.2 M GdnDCl at pH* 8 (not corrected for isotope effects), 10°C is 
plotted for a few residues. The internally normalized intensity of each CαH-NH cross-peak in the TOCSY spectrum of the longest 
unfolding time-point (800 s) is taken as 100% proton occupancy of that amide proton site. All other intensities are normalized to 
this. The solid line in each panel is a single-exponential fit of proton occupancy vs the unfolding time. The mean rate of exposure 
of 43 probe protons is 0.005 s–1 and the standard deviation is 0.001 s–1. c, Location of amide proton probes used to study the 
unfolding pathway of RNase A. The residues marked in red belong to class I and the residues marked in blue belong to class II, 
and show 9 ± 4% labelling and 47 ± 9% labelling at t = 0 unfolding time, respectively. The RNase A figure was drawn using 
MOLSCRIPT from the protein NMR structure 2AAS submitted by Santoro et al. in the PDB191. The figure has been reproduced 
with modification from ref. 67. 

 
occurs in the dead-time of measurement) occurring 
immediately upon initiation of unfolding, as shown in 
Figure 1 b, c. This suggested that a fraction of native 
molecules is transformed rapidly to a partially unfolded 
intermediate ensemble, as soon as the protein is exposed 
to strong denaturing conditions. The remaining molecules 
unfold via a parallel pathway on which an exchange-
incompetent intermediate is formed. On this pathway of 
unfolding of RNase A, the secondary structure breaks 
down before all the tertiary structure67. All the probed 
NH sites show, however, similar observable rates of 
exposure to exchange with solvent protons, which are 
also the same as the rate of dissolution of all tertiary 
packing interactions in the protein, measured by near-UV 
CD and fluorescence. Thus, it appears that even though 

most of the α-helical bonds in RNase A are disrupted as 
indicated by the loss of far-UV CD, the amide hydrogen 
sites remain inaccessible to solvent until all tertiary inter-
actions are lost and water can penetrate into the protein 
core67. 

Competition labelling by HX 

The pH competition labelling method is useful for detect-
ing marginally stable ‘burst-phase’ or early folding inter-
mediates, and provides information about the regions of a 
protein that become structured in the initial steps of 
folding. Such intermediates in which secondary structure 
is not yet stabilized might be missed in a pulse-labelling 
HX experiment.  

a 

c 

b 
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 In a competition experiment, folding is made to occur 
in competition with HX. In a typical competition experi-
ment, a denaturant-unfolded protein in H2O is diluted 
into D2O buffer to initiate refolding in a stopped-flow 
apparatus with a mixing dead time of ~ 1 ms. The pH of 
the refolding/exchange buffer is varied to probe the 
stability of individual H-bonds. At low pH, HX is slow55, 
and the protein folds before none or only a few of its 
amide protons can exchange. As the pH is increased, HX 
is accelerated due to base catalysis (by OD–), and 
competes with the folding reaction. This competition 
between folding and HX is maintained for a short time 
before exchange is quenched by lowering the pD, and the 
protein is allowed to refold completely. The amount of 
H-label remaining at each amide site at the time of the 
quench is measured in the refolded native protein from 
the NMR peak intensities. The pH competition labelling 
method is limited by the fact that folding pathways of 
proteins, and stabilities of the intermediate states, may 
vary with pH. It can be used to study only those proteins 
that are stable over a relatively wide range of alkaline 
pH. Nevertheless, it provides valuable information about 
structure formation in the initial few ms of refolding. 
 The pH competition labelling method has been used to 
monitor the formation of very early hydrogen-bonded 
and solvent-excluded structure in cyt c68. The pH profiles 
of some amides were found to be shifted toward basic pD 
compared to the pH dependence of exchange labelling in 
a random coil55, indicating significant protection. The 
protection factors calculated for individual NH protons, 
showed that all α-helices in cyt c contain enough struc-
ture to slow exchange by 3 to 8-fold after 2 ms of refold-
ing. Similarly, the existence of native-like secondary 
structure in the α-domain of lysozyme could be detected 
at 3.5 ms of refolding69. The amides that become pro-
tected at this early stage of folding are also the ones that 
show higher levels of protection in pulse-labelling HX 
experiments (discussed above)65. In contrast, no signifi-
cantly protected structure could be detected in the first 
few milliseconds of refolding of ubiquitin, before the 
occurrence of its major cooperative folding event69. 

Do sub-millisecond folding products have specific 
structure?  

An issue of much topical interest in protein folding is 
whether the rapid (submillisecond) changes in optical 
signals, which are seen upon denaturant dilution for many 
proteins, do indeed represent the formation of a very 
early burst-phase intermediate with specific structure. 
While this has been the traditional interpretation70–72, it 
has been argued recently that such submillisecond 
changes might instead represent merely a fast readjust-
ment of the unfolded protein ensemble at high denaturant 
to a more compact unfolded protein ensemble at low 
denaturant73,74, and that the fast readjustment manifests 

itself as a non-specific collapse of all protein molecules. 
One experimental observation that has been used in sup-
port of this alternative interpretation of burst-phase 
changes is that the products of these changes for several 
proteins display very low protection factors (< 50) from 
HX when probed by competition labelling or pulse label-
ling experiments69,74–76. Whether such low protection 
factors do indeed indicate an absence of specific structure 
is questionable because they might be the result of 
structure that is specific yet labile62,68,69,77. It would be 
more pertinent to examine whether or not the pattern of 
labelling in the initially formed species is similar to that 
in the corresponding fully folded protein. For example, in 
a study of the refolding of β-lactoglobulin, which com-
bined ultra-rapid mixing techniques with different HX 
labelling protocols, the pattern of HX protection showed 
that a kinetic folding intermediate, which is populated 
within 2 ms, contains marginally stable non-native α-heli-
ces near the N-terminus62. 

Do kinetic intermediates populate direct protein 
folding pathways? 

A vexing, perennial issue in any protein folding study is 
to resolve whether a detected intermediate is an on-path-
way productive conformation, or an off-pathway mis-
folded conformation that is trapped, and from which the 
protein must unfold before refolding to the native state59. 
The progressive formation and stabilization of structure 
observed during the folding of many proteins, including 
the examples mentioned above, provides considerable 
evidence in support of observed kinetic intermediates 
populating a direct folding pathway. One of the first 
direct demonstrations of a kinetic intermediate populat-
ing a direct folding pathway came from a modified pulse-
chase HX experiment coupled with NMR detection, 
which was designed specifically to check whether the 
native-like kinetic intermediate, IN (ref. 78), formed dur-
ing the folding of RNase A was on- or off-pathway79. In 
this experiment, HX was allowed to occur for varying 
lengths of time in D2O after initiating refolding of proto-
nated protein in H2O. The exchange pH was chosen such 
that the unfolded protein (U) rapidly exchanges with sol-
vent deuterons while IN does not. It was observed that the 
1H label in IN was retained in N indicating that IN is on-
pathway79, because if IN were off-pathway it would have 
had to unfold to U before forming the native state (N), 
and consequently, the 1H label would not have been retai-
ned in N.  

Do equilibrium intermediates resemble kinetic 
intermediates? 

Partly folded conformations of proteins are usually not 
populated at equilibrium because such conformations are 
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unstable relative to the native state. Many proteins can, 
however, be induced into partly unfolded conformations 
by manipulations which stabilize the partly folded con-
formation relative to the native state. These manipula-
tions include for example mutagenesis44,80,81 or more 
commonly, transfer of the protein to marginally stabiliz-
ing conditions such as low pH where the native state usu-
ally converts into an equilibrium molten globule form 
(reviewed in ref. 44). Many studies utilizing techniques 
such as circular dichroism (CD)12,82,83, fluorescence83,84, 
small-angle X-ray scattering85,86, thiol–disulfide exchange87, 
or real-time NMR88, have shown that equilibrium molten 
globule forms are closely related to kinetic intermediates. 
For example, by use of a combination of CD, fluores-
cence and dynamic light scattering measurements, it has 
been shown that a molten globule-like intermediate of 
barstar, which is formed at high pH in the presence of 
high salt concentrations, is a productive intermediate on 
the direct folding pathway89. 
 Amide exchange trapping experiments provide resi-
due-specific structural information on equilibrium molten 
globule forms. In an amide exchange trapping experi-
ment, NH protons in the partially folded intermediate 
populated at equilibrium are allowed to exchange with 
the solvent deuterons over a period of minutes to hours, 
before HX is quenched by returning the protein to native 
conditions. NMR spectra are recorded to identify protons 
trapped in stable secondary structures in the intermediate. 
Protection factors calculated for protons in molten 
globule-like intermediates of proteins are seen to be 104 
to 105-fold smaller compared to those in the native state, 
reflecting the inherent flexibility of these non-native 
states60. Like the pulse-labelling by HX method, informa-
tion from the amide-exchange trapping experiments is 
limited to regions of the protein which are strongly pro-
tected or stable in the native state.  
 The results of several NMR-based experiments have 
shown that for many proteins, partially folded states 
populated at equilibrium, such as molten globule forms, 
possess persistent native-like structures59,60. The kinetic 
relevance of partially folded, equilibrium conformations 
of proteins was clearly established when it was shown 
that the structures of such conformations, determined by 
amide-exchange trapping experiments44,59,60 resemble, at 
the individual residue level, the structures of the corre-
sponding kinetic intermediates determined by HX pulse-
labelling experiments. Specific structural similarities 
between an equilibrium molten globule and an early 
folding intermediate have been observed in HX studies of 
several proteins, notably, apomyoglobin (apoMb)82,90, 
RNAse H91,92 and  α-lactalbumin (α-LA)83,93,94. In the 
case of apoMb, recent HX pulse-labelling studies95 have 
also been used to show that structural heterogeneity exi-
sts in the initial kinetic intermediate, suggesting that, like 
other proteins65,70,77,96,97, apoMb  folds via multiple path-
ways. 

Native-state hydrogen exchange 

During the past few years, native-state HX experiments 
have shown that even under strongly native-like condi-
tions, the fully folded native protein continuously samples 
partially as well as completely unfolded conformations of 
the protein, which are present as high energy states59,60 
and are populated according to Boltzmann distributions. 
Although these high energy states would not be normally 
observable, they are easily detected by their accessibility 
to HX which is monitored by NMR. In a native-state HX 
experiment, the populations of these conformations are 
modulated by an environmental perturbation such as 
addition of sub-denaturing amounts of denaturant. The 
stabilities of individual residues are estimated from their 
HX rates (∆Gop = –RT lnk ex/k int), and the sensitivity of 
these rates to denaturant59. 
 Native-state HX experiments of oxidized cyt c in sub-
denaturing concentrations of guanidine hydrochloride, 
identified the globally unfolded form and three partially 
unfolded forms (PUFs), all in equilibrium with the native 
state, on the basis of different stabilities in distinct 
regions of the protein98. The N- and C-terminal helices 
comprise the most stable region of the protein, and the 
molecule must first globally unfold for exchange with 
solvent at these helices to occur: ∆Gop for amide hydro-
gens belonging to these helices equals the free energy of 
global unfolding at all concentrations of denaturant used. 
Amide hydrogens belonging to the other three distinct 
regions show ∆Gop values lower than that corresponding 
to global unfolding. The data suggested a hierarchical 
folding pathway for cyt c, in which the most stable region 
folds first and the least stable region folds last. Kinetic 
refolding experiments of cyt c seem to reflect this equi-
librium folding pathway. Thus, the N- and C-terminal 
helices are the first region to fold in pulsed HX kinetic 
refolding experiments46, and misligation of the heme 
group in cyt c appears to slow the addition of the 60s 
helix to the folded N and C helices99. HX rates measured 
for reduced cyt c in relatively strong denaturing condi-
tions, near the beginning of the equilibrium unfolding 
transition, also indicate several structure-opening equilib-
ria100. These represent multiple partially unfolded forms, 
including at least one PUF, comprising the N- and C-ter-
minal helices, which resembles the most stable PUF seen 
previously for the oxidized state of cyt c98,101. 
 Native-state HX studies of RNase H demonstrate that 
two partially folded states co-exist at equilibrium with 
the native state102. Moreover, the first regions to fold 
in kinetic refolding experiments of RNase H91 are the 
thermodynamically most stable regions of the native 
protein, as also seen previously for cyt c49,98. For several 
other proteins as well, the most stable region (with the 
most slowly exchanging amide protons) is among the 
earliest to acquire persistent hydrogen bonds during 
folding62,103–105. 
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 A partially unfolded state was observed to be in slow 
equilibrium with the predominant native state of RNase 
A under native conditions in the absence of denaturant. 
This state was also shown to populate one of the unfold-
ing pathways of the protein67. An earlier native-state HX 
study in sub-denaturing concentrations of guanidine 
hydrochloride had indicated that native RNase A equili-
brates with partially unfolded intermediates, but it could 
not be determined if these were on-pathway106. 
 The correlation between the stabilities of different 
regions of a protein and its (un)folding pathway cannot, 
however, be generalized for all proteins. For example, 
native-state HX studies of T4 lysozyme showed that the 
average stability of the C-terminal subdomain of the 
protein is significantly higher than that of the N-terminal 
subdomain, but the observation of a continuum of un-
folding energies for amide protons in the two domains 
made it impossible to identify discrete partially unfolded 
forms of the protein107. The refolding kinetics of T4 lyso-
zyme studied by pulse-labelling by HX do not correlate 
with the equilibrium data, and indicate instead the for-
mation of an early intermediate with strong protection 
from exchange in regions belonging to both subdomains 
of the protein108. 
 Native-state HX was the first technique that provided 
information about the free energy landscape of a protein, 
because it allowed partially unfolded conformations in 
equilibrium with the native state to be detected directly. 
Native-state HX experiments can identify regions of the 
protein with global and sub-global stabilities98,102,107. 
They show, for example, that the PUFs in the mesophilic 
and thermophilic homologues of RNase H are similar, 

and that the free energies of unfolding for all regions of 
the thermophilic protein are higher, except for the un-
folding free energy of one helix which constitutes a dis-
tinct PUF in the thermophilic protein109. 
 Partially unfolded conformations are populated at 
equilibrium because of thermal fluctuations of the protein 
under native conditions, and constitute the next higher 
rung after the native state on the free energy ladder23. 
Native-state HX measurements are equilibrium studies 
that only provide information about the relative free 
energies of equilibrium conformations available to the 
protein for sampling, as well as information about fluc-
tuations of the protein backbone110. They cannot be extra-
polated to determine the order of events occurring during 
folding of the protein. Nevertheless, for some proteins, it 
appears that the structures of these equilibrium confor-
mations match the structures of kinetic intermediates 
observed independently by HX pulse-labelling59,60. 

Direct NMR studies of disordered states of 
proteins at equilibrium 

For those proteins for which equilibrium intermediate 
states have been shown to resemble transient kinetic 

intermediates, a direct NMR analysis of the structures of 
these partially folded states is particularly useful. Direct 
NMR studies of unfolded states of proteins provide infor-
mation about the nature of the ensemble of conformations 
at the starting point of folding. NMR lines in unfolded 
state spectra are quite sharp due to the greater backbone 
mobility, so that sequential assignments are sometimes 
more easily made than for a folded protein of comparable 
molecular weight45,46. Partially folded states of proteins 
are more difficult to study directly by NMR, because, 
while their spectra typically show chemical shift degen-
eracies characteristic of unfolded proteins, the resonances 
are as broad or even broader than those of folded pro-
teins45,46. Moreover, these states are rapidly intercon-
verting between multiple conformations. Thus, their 
NMR spectra display small chemical shift dispersion and 
broadened resonance lines leading to spectral overlap 
which makes resonance assignment difficult45,46. The 
advent of high-field NMR spectrometers and the devel-
opment of new multi-dimensional heteronuclear NMR 
experiments have, however, made possible the assign-
ment and structural characterization of disordered states 
of proteins45,46,111, and even large soluble protein aggre-
gates111,112. 

Conformational preferences from NMR parameters 

Conformational propensities of the polypeptide chain can 
be derived from chemical shifts, Nuclear Overhauser 
Effects (NOEs) and coupling constants. The deviations of 
chemical shifts from random coil values (termed secon-
dary shifts), particularly for 13Cα, 13CO and 1Hα, are 
extremely sensitive probes of secondary structural 
propensities of the protein backbone, as revealed by sta-
tistical studies of folded proteins113. Rapid conforma-
tional averaging between the α- and β-regions of partly 
folded and unfolded states is expected to reduce the sec-
ondary shifts below the extreme values found in folded 
states of proteins. The observed secondary shift can 
therefore be used as a measure of the relative propensity 
to populate the α- or β-region of dihedral space. Main 
chain coupling constants between 1HN and 1Hα also pro-
vide information about the conformational preferences of 
the backbone because they are sensitive to the Φ dihedral 
angle114. In disordered states, however, these alone may 
be less informative because conformational fluctuations 
average the coupling constants, making them insensitive 
to local structural preferences115. The relative intensities 
of the observed sequential NOEs, reflect the propensity 
of the backbone to preferentially populate the α- or β-
region of (Φ, ψ) space, or to exist in a random coil con-
formation115. The existence of medium range NOEs 
reflects the presence of folded elements of secondary 
structure, and the secondary structure conformation can 
be identified from the pattern of the NOEs (ref. 115). 
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Backbone dynamics 

The movement of the NH bond axis provides information 
about flexibility of the backbone. 15N spin relaxation 
measurements in a polypeptide chain can be used to 
probe backbone dynamics in partially folded and 
unfolded states of proteins. The 15N spin relaxation is 
related to three parameters: the longitudinal relaxation 
rate (R1), transverse relaxation rate (R2), and the steady-
state NOE enhancement116. All these parameters are sen-
sitive to motions in the picosecond to nanosecond time 
scale, and the {1H}-15N heteronuclear NOE is most sen-
sitive to higher frequency motions of the backbone117. 
The R2 relaxation rate is more sensitive to nanosecond 
time scale motions, and also reflects contributions from 
slower microsecond to millisecond processes such as 
those arising from chemical exchange which may cause 
line broadening in the NMR spectrum117. Regions show-
ing motional restrictions due to structure formation in 
disordered states of proteins can be identified from the 
analysis of the 15N relaxation measurements. Analysis of 
the relaxation data for disordered states of proteins is 
usually done using the reduced spectral density 
method118, and not the model-free approach used for 
folded proteins119. The latter method assumes that the 
molecule tumbles isotropically with a single correlation 
time, and is not valid for unfolded or partially folded 
states which have a wide variation in local correlation 
times between residues in the more structured regions 
and those in less structured and unstructured regions of 
the protein. 

Lessons for protein folding 

Unfolded proteins may not be random coils 

A protein folding reaction is carried out typically starting 
from a protein unfolded in a high concentration of 
chemical denaturant such as urea or guanidine hydrochlo-
ride. Such unfolded states of proteins have been modelled 
traditionally as statistical random coils in which local 
interactions dominate conformational behaviour120. Sup-
port for the random coil nature of the unfolded state came 
initially from measurements of hydrodynamic radius121,122, 
which give an ensemble average picture of global mole-
cular properties. Low resolution spectroscopic methods 
such as circular dichroism or fluorescence very often fail 
to detect any structure in unfolded states of proteins. 
Nevertheless, recent simulations of unfolded polypep-
tides have indicated that steric clashes can prevent a 
protein chain from adopting any arbitrary conformation, 
thus constraining the unfolded state ensemble123,124, and 
probably favouring conformations having native-like 
bond angles125. More importantly, there is now increasing 
evidence from high-resolution NMR experiments, that 

unfolded states of proteins are not completely random. 
NMR studies have shown the existence of hydrophobic 
clusters in the unfolded forms of some proteins126–130, and 
both hydrophobic clusters and residual secondary struc-
ture in the unfolded forms of other proteins131–135. Identi-
fication of any residual structure in the unfolded state is 
clearly crucial to obtaining an understanding of the pro-
tein folding reaction, because such residual structure not 
only indicates local conformational preferences within 
the very heterogeneous ensemble of conformations that 
constitute the unfolded state, but can also bias the free 
energy landscape of folding so that folding occurs along 
a route determined by the structures and hence, energies 
of the forms that predominate in the initial unfolded state. 

Unfolded states in unfolding conditions 

Localized hydrophobic clusters have been observed in 
several proteins under high denaturant conditions where 
secondary structures are unstable, and appear to influence 
the folding of the protein by acting as nucleation sites 
around which structure can be formed126–128. In an early 
study, NOE measurements in high urea concentration 
followed by distance geometry calculations revealed a 
hydrophobic cluster in the N-terminal 63-residue domain 
of 434-repressor, involving local side-chain interac-
tions126. More recently, a hydrophobic cluster has been 
detected in the α-subunit of tryptophan synthase, in dif-
ferent urea concentrations, by monitoring the change in 
chemical shift position of the Cε proton of a histidine 
residue by 1D NMR127. Site-directed mutagenesis as well 
as studies on a peptide model spanning the histidine and 
the mutated residues suggest that this residual structure 
may be stabilized by interactions with side chains distant 
in sequence to the histidine. In the rat intestinal fatty acid 
binding protein, 1H-15N HSQC spectra and measurement 
of HX rates in increasing urea concentration have shown 
that hydrophobic clusters exist in the unfolded protein128. 
These clusters appear to guide the formation of native β-
strands, and finally, the stabilization of hydrogen bonds, 
supporting a ‘hydrophobic zipper’ model of folding136. 
They persist until folding is complete and can be visual-
ized in the native protein structure. 
 On the other hand, NMR studies of urea-unfolded 
states of some other proteins, such as the immuno-
globulin binding domain of streptococcal protein G137 
and of the third fibronectin type III domain from human 
tenascin (TNfn3)138, indicate that these states are essen-
tially random coil conformations with no residual native 
secondary structure, although regions of reduced back-
bone mobility in Tnfn3 correlate to regions of extreme 
hydrophobicity138. 
 Thus, in the rapidly interconverting ensemble of con-
formations of the unfolded state, some structures will be 
extended and others compact. Interactions between side 
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chains such as those leading to the formation of hydro-
phobic clusters are likely to bias the unfolded protein 
ensemble towards compact states and to thereby facilitate 
folding120.  

Unfolded states in refolding conditions 

The structural propensities of unfolded states generated 
under different denaturing conditions may vary with the 
conditions used, because disordered states of proteins are 
essentially ensembles of many conformations134,139,140. It 
has therefore been argued that residual structure observed 
under strong denaturing conditions is not likely to be 
representative of disordered states of proteins in vivo. In 
the case of the N-terminal SH3 domain of Drosophila drk 
protein (drkN SH3), a compact unfolded state (Uexch), 
which exists in equilibrium with the folded state in aque-
ous solution at neutral pH, has been characterized by 
studying the 15N relaxation dynamics of the back-
bone141,142. Long range NOEs detected in the Uexch state 
indicate the existence of compact conformations with 
some native-like features143. Hydrophobic clustering in 
the compact conformations of the Uexch ensemble, gene-
rates multiple non-native turn-like structures, which are 
stabilized by long range tertiary interactions143. These 
turn-like structures are thought to limit the conforma-
tional search, and direct subsequent β-sheet formation 
and stabilization, and act as multiple initiation sites dur-
ing the folding of this domain. This would be in agree-
ment with lattice-model simulations of protein folding 
which suggest multiple folding nuclei for a nucleation-
collapse mechanism144. 
 The long range NOEs in the Uexch state of drkN SH3 
disappear in 2 M guanidine hydrochloride143, suggesting 
that the unfolded state ensemble is a population of exten-
ded and compact conformations in equilibrium with each 
other, and that the interactions which stabilize the com-
pact conformation are disrupted in the presence of dena-
turants. Rapid equilibria between collapsed and extended 
populations of protein molecules, in which the two 
populations are separated by a low energy barrier, have 
also been seen by optically monitored kinetic experi-
ments in the cases of the initial intermediate ensembles 
that form during the folding of cyt c17,145 and ribonucle-
ase A70,77. 
 Chemical shift analysis, NOE effects, coupling con-
stants measurements and the 15N relaxation parameters of 
some other proteins such as apoplastocyanin, which is 
unfolded at low salt concentrations at neutral pH, show 
that the unfolded state is not compact, presumably due to 
the absence of stabilizing long-range interactions146. 
There is, however, some evidence of native-like and non-
native local structuring which may serve as initiation 
sites for folding of the protein146. Thus, structural char-
acterization of the unfolded state ensemble can provide 

valuable information for understanding protein folding 
mechanisms. 

Native-like topology in the unfolded state 

For many proteins, the topology of the native state is 
found to be a major determinant of the folding rate, and 
the importance of topology is related to the entropic cost 
of bringing two regions of the polypeptide chain together 
so that they can interact147–149. Clearly, if native-like 
contacts form in the unfolded state itself, there will be a 
smaller loss of configurational entropy during the folding 
process, but it is not clear if this will result in a lowering 
of the energy barrier to folding. In the case of at least two 
proteins, NMR has provided evidence for native-like 
spatial positioning and orientation of the polypeptide 
chain segments in the unfolded state130,150,151. By an 
extensive analysis of 15N relaxation parameters, parti-
cularly the R2 relaxation rates, clusters of hydrophobic 
structure have been shown to exist in both oxidized and 
reduced forms of hen lysozyme even under strongly 
denaturing conditions129,130. Six hydrophobic clusters 
exist in sequentially distinct regions along the polypep-
tide chain, and four of them involve tryptophan residues 
(Figure 2)129,130. The locations of these clusters are simi-
lar for the protein in water and in 8 M urea. Significantly, 
the hydrophobic clusters in both oxidized and reduced 
lysozyme are disrupted, in the absence or presence of 
urea, by a single point mutation that replaces Trp62, 
located at the interface of the two domains in the native 
protein, with glycine130. The changes in relaxation rates 
throughout the sequence in the mutant protein indicate 
that native-like structure in the unfolded wild-type pro-
tein is stabilized by the involvement of Trp62 in long 
range tertiary interactions. Trp62 is exposed in native 
lysozyme, but real-time NMR experiments have shown 
that this residue, like other tryptophan residues, is largely 
inaccessible to solvent during early stages of folding152. 
Other mutational153 and HX studies65,69 suggest that 
Trp62 is involved in non-native tertiary interactions in 
the unfolded state. Thus, non-native interactions appear 
to stabilize a native-like core in the unfolded state130. 
 Staphylococcal nuclease can be denatured by removing 
a few amino acid residues from both ends of the poly-
peptide chain154. The resulting fragment, called ∆131∆, 
has been characterized extensively as a model system for 
the unfolded state of the protein under non-denaturing 
conditions, and shows the presence of residual β hairpin 
structure in the region that forms a three-stranded anti-
parallel β-sheet in the native state154,155. This β hairpin 
structure appears to be stabilized by non-native local 
hydrophobic interactions155. HX studies also show that 
fixed inter-strand hydrogen bonds normally associated 
with β-sheets are lacking in this β structure156. An inno-
vative method was developed to obtain long range distance
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Figure 2. Schematic representation of hen lysozyme (reduced) backbone conformations in different states of the protein166. The 
colour code from red to blue depicts deviations of the R2 relaxation rates of the backbone NHs from random coil values. Six 
hydrophobic clusters were shown to exist in reduced lysozyme, both in water and in 8 M urea130. The hydrophobic clusters appear 
to form a network with cooperative, long range interactions, with Trp62 playing a central role in maintaining the stability of the 
network. The figure has been reproduced, with permission, from ref. 130. 

 
 
constraints in ∆131∆, by measuring the enhancement of 
backbone amide proton R1 and R2 relaxation rates, 
induced by paramagnetic nitroxide spin labels150,157. 
These spin labels were attached at unique cysteine resi-
dues, introduced at fourteen sites along the polypeptide 
chain157. This approach appears to be a more suitable 
probe than NOE measurement for measuring tertiary 
structure in non-native states of proteins, because the 
dipolar interaction between a free electron and a proton 
has a range as large as 20 to 25 Å, where as a dipolar 
interaction or NOE between protons is restricted to dis-
tances below 5.5 Å. Moreover, the NOE between protons 
is highly sensitive to correlation times157. An ensemble of 
structures was calculated for ∆131∆, by use of a com-
bined distance geometry/molecular dynamics approach 
based on the ~700 long-range distance constraints obta-
ined150. The global topology of a significant component 
of this unfolded ensemble was observed to be strikingly 
similar to that of the native state, and this component is 
likely to be stabilized by hydrophobic interactions150. 
 Thus, it appears that the correct native-like topology of 
a protein can be established in unfolded states by hydro-
phobic interactions even in the absence of hydrogen 
bonds and tight packing interactions. The latter conclu-
sion in ∆131∆ was drawn from the observation of a lack 
of significant protection of NH protons156, and the obser-
vation of small order parameters for many segments of 
the chain determined by 15N relaxation measurements158. 
A clear role in folding for residual structure in the unfol-
ded state is also emphasized by this study. The presence 
of native-like structures stabilized by some non-native 
interactions, as seen for lysozyme and staphylococcal 
nuclease, may be a general feature of compact denatured 
states130,155,156. This would be consistent with a mecha-
nism of folding in which the protein collapses to a com-
pact state that subsequently undergoes a slower process 
of structural rearrangement to form the native state. A 
recent study has reported measurement of residual dipo-
lar couplings in the ∆131∆ fragment oriented in strained 

polyacrylamide gels to impose slight orientation on the 
macromolecule151. Native-like spatial positioning and 
orientation of polypeptide chain segments are seen to 
persist even in 8 M urea, demonstrating that long-range 
ordering can occur much before the folding protein 
attains a compact conformation. The existence of long-
range structure in the presence of relatively little short-
range structure can occur through a network of hydro-
phobic clusters, of the kind observed in the denatured 
state of lysozyme130, because hydrophobic interactions 
are not completely eliminated in 8 M urea159. Alterna-
tively, the topological preference of the unfolded state 
may not be stabilized by long-range interactions, but 
instead may arise from the cumulative effects of many 
local interactions between each amino acid and its neigh-
bouring side chains123,160. 

Residual secondary structure in the unfolded state 

Since secondary structural elements are compact, their 
formation leads to a reduction in the otherwise vast con-
formational space that an unfolded polypeptide chain has 
to explore. NMR studies can provide information about 
conformational preferences of the protein backbone113 in 
the unfolded state. Whether native-like secondary struc-
tural elements can actually form in the unfolded state 
depends on the conformational preference of the protein 
sequence, and on their stabilization by long range tertiary 
interactions14. Native-like residual secondary structure 
has been seen by measurements of NOE, coupling con-
stants, and chemical shifts in the cold denatured state of 
barstar in moderate urea concentration133. Recently, a 
detailed NMR analysis of conformational preferences and 
backbone dynamics of the acid-unfolded state of apo-
myoglobin has shown significant population of native 
helical structure in some regions of the protein131,132. 
These regions of native-like residual secondary structure 
in the unfolded state of a protein could potentially serve 
as initiation sites for folding. 

a b c d 
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 In the urea-denatured state of barnase, the regions of 
residual fluctuating secondary structure characterized by 
NMR131,132, correspond fairly well to the moderately and 
highly structured regions of the intermediates and transi-
tion states of folding of the protein161. This observation 
led to the suggestion that protein folding is initiated 
around these native-like local structures that persist in the 
unfolded ensemble until enough stabilizing long range 
interactions form a nucleation site, on to which further 
secondary structure formation and final packing of native 
tertiary structure take place135,162. This suggestion is sup-
ported by an MD simulation of the unfolded state of bar-
nase in which native-like residual secondary structure as 
well as a few fluctuating tertiary contacts have been 
observed135. On the other hand, the unfolded state of 
chymotrypsin inhibitor 2 (CI2) is largely unstructured as 
probed by NMR, with a tendency for very weak native 
helical structure and some weak hydrophobic cluster-
ing163. MD unfolding simulations of CI2 confirm these 
NMR observations, and it was proposed that the nuclea-
tion site for CI2 folding probably remains embryonic 
until a sufficient number of long range contacts are made, 
which are linked to collapse and secondary structure 
formation leading to cooperative folding163. 

Compaction and secondary structure formation 
during folding 

Compaction of an extended polypeptide chain has been 
suggested as a principal driving force in the folding of 
proteins164. A fundamental question in protein folding is 
whether a hydrophobic collapse precedes or occurs con-
comitantly with the formation of secondary structure 
early during the folding reaction165,166. As is evident from 
the above examples, the unfolded states of proteins may 
be compact to varying degrees, depending on the 
existence of local or long range hydrophobic interactions, 
which may assist in consolidation of the protein core. 
Residual secondary structures in the unfolded state 
appear to act as nucleation sites, so that folding may be 
initiated by a nucleation–condensation/collapse mecha-
nism14. If more stable secondary structural elements were 
to exist in the unfolded state, folding might be expected 
to proceed in a hierarchical manner with these units 
docking with each other, as the protein chain collapses 
and native packing interactions are established. Statistical 
mechanical models of protein folding also suggest that 
the presence of fluctuating native-like secondary struc-
ture in the unfolded state ensemble facilitates rapid fold-
ing to the native state28. 
 An extensive NMR analysis of structural propensities 
and backbone dynamics of the acid-unfolded and par-
tially folded states of apomyoglobin (apoMb) at equilib-
rium, shows the existence of cooperatively folded helical 
structures in these states131,132,167. In the acid-unfolded 

state, a region of local structure formation, which 
includes a non-native helix, as well as a region of local 
hydrophobic collapse, probably play an important role in 
the initiation of folding, and in directing the collapse of 
the protein chain132. The structural characterization and 
dynamics of the partially folded state of apoMb formed at 
equilibrium clearly suggests that stable native-like struc-
ture already exists in some regions in the intermediate, 
while in other regions helical structure, though unstable 
and not well-localized, is formed partially132,167. Thus, 
the incremental development of helical structure and pro-
gressive restriction of backbone fluctuations occurs at 
various stages of compaction of apoMb on an equilibrium 
folding pathway, as shown schematically in Figure 3. The 
NMR studies at equilibrium are supported by kinetic 
experiments of myoglobin folding82,168,169, in which re-
arrangement and packing of the correct helical structure 
by formation of ordered tertiary structure occurs on a 
millisecond time scale. In the case of the folding of acid-
denatured cyt c, no additional secondary structure forms 
during the initial chain collapse reaction, but thereafter, 
secondary structure and compactness are acquired in a 
concerted manner12,170. The step-wise formation of heli-
cal structures observed in the fast-mixing CD folding 
study12, is consistent with the observation made in native-
state HX experiments that the structure of cyt c can be 
divided into several cooperative folding units having dif-
ferent degrees of stability98,101. Thus, the results obtained 
with both apoMb and cyt c show that measurements at 
equilibrium can, indeed, be representative of kinetic 
folding pathway(s) of proteins. 
 NMR characterization and HX studies of the equilib-
rium molten globule or A form of bovine α-LA (BLA) 
show the persistence of some native helical structure, 
near-native compactness with a few native NOE contacts, 
and evidence for non-native aromatic hydrophobic clus-
tering171–173. In fact, an important achievement in the 
detection of NOEs in partially folded states was made 
with the development of an NMR methodology in which 
NOEs were generated in the A form of BLA, and the 
protein was then rapidly refolded to the native state under 
conditions in which refolding was accomplished before 
the NOE intensity decayed173. In this way, the NOEs 
generated in the A form could be transferred to the well-
resolved spectrum of the native state for detection, 
thereby overcoming the difficulty of having low intensi-
ties of cross-peaks arising from broad resonances in par-
tially folded structures. Very interestingly, NMR-
monitored equilibrium unfolding studies of the A form of 
BLA174 show that the unfolding of the A form is non-
cooperative: the β-domain unfolds at lower urea concen-
trations than does the α-domain. 
 Kinetic studies of the refolding of BLA, monitored by 
CD, fluorescence and pulse-labelling by HX, indicate that 
the burst-phase intermediate formed within 1 s of initiat- 
ing folding, resembles the equilibrium A form of the



REVIEW ARTICLES 
 

CURRENT SCIENCE, VOL. 84, NO. 2, 25 JANUARY 2003 168

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

protein, in terms of the amount and stability of secondary 
structure, degree of protection from HX and the absence 
of rigid side chain packing83. Moreover, NOESY spectra 
collected in real-time, under conditions where folding is 
slow enough to allow detection of the total steady-state 
NOE transfer between aromatic and aliphatic side chains 
as a function of time after initiating refolding, indicate 
the rapid formation (within the dead-time of the experi-
ment of ~4 s) of a collapsed but partially disorganized 
state with near-native compactness175. Thus, given the 
close similarity between the kinetically detected molten 
globule form and the A form of α-LA, it seems likely 

that the native-like topology is generated very early in 
the folding process, prior to the formation of stable terti-
ary interactions. The slow step in folding must therefore 
involve a search for specific contacts between residues 
within a compact state that enable the protein to acquire 
its unique native structure rapidly and in a cooperative 
manner. The cooperativity of folding of α-LA was indi-
cated by kinetic NMR experiments in which the rate at 
which native structure is formed was found to be identi-
cal at different sites and is effectively exponential88,175. 
The search for specific tertiary contacts in the collapsed 
state has to overcome energetic barriers on the folding 
energy landscape, arising from the close-packed nature of 
the structure29. Resonances in the NMR spectra of the 
partly folded species formed initially during folding are 
broadened because of interconversion between different 
conformational forms. This occurs much more slowly, on 
the NMR chemical shift time scale, than in highly dena-
tured states, suggesting the existence of energy barri-
ers172,174. 

NMR characterization of protein aggregation 

For many proteins, the last steps in protein aggregation 
have been studied extensively by Fourier transform infra-
red (IR) spectroscopy176,177, small-angle X-ray and neutron 
scattering measurements176,178, X-ray fiber diffrac-
tion179,180, electron microscopy181,182 and also solid-state 
NMR183. Very little is, however, known about the initial 
steps of protein aggregation. The best way to characterize 
the initial conformational events that lead to the forma-
tion of a soluble protein aggregate, which precedes and 
transforms to an irreversible insoluble aggregate, would 
be by solution NMR methods. For instance, the depen-
dence of R2 relaxation rates of backbone 15N nuclei has 
been used to study the aggregation (polymerization) 
process of cold shock protein A184. NMR structural 
studies of large molecular weight proteins (including 
soluble aggregated forms) are not straightforward 
because of low sensitivity and line broadening due to 
rapid transverse spin relaxation and extensive signal 
overlap in the highly complex spectra41,185,186. The 
recently developed, novel three-dimensional (3D) NMR 
experimental procedures of HNN and HN(C)N provide a 
new protocol for the sequential assignment of large pro-
teins, including aggregated states of proteins111. These 
triple resonance experiments have been used to identify 
flexible regions in the 160 kDa soluble molten globule (A 
form) aggregate of barstar formed at low pH (Figure 4) 
(ref. 112). The A form of barstar exists as a symmetrical 
aggregate: only a single set of amide peaks is observed in 
the 1H–15N HSQC spectrum (Figure 4). The new assign-
ment strategy, along with standard heteronuclear 2D and 
3D NMR experiments, showed that the A form has an 
aggregated rigid core but with the N-terminal 20 residues

Figure 3. Schematic diagram illustrating the progressive develop-
ment and stabilization of secondary structure and the increasing restric-
tion of backbone flexibility as myoglobin folds to increasingly compact 
states. The left column shows the population of helices in the various 
states as indicated by the downfield secondary 13Cα chemical shift at 
each residue. The populations are depicted on a gray scale as indicated 
in the bar, with increasing grayness denoting increasing population of 
helix. The right column shows the {1H}–15N heteronuclear NOE at 
each residue, on a colour scale from dark blue (least flexible) to red 
(most flexible). The figure has been reproduced, with permission, from 
ref. 131. 
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Figure 4. 1H–15N HSQC spectra of (a) native barstar at pH 6.8, and (b) A form of barstar at pH 2.7, and 25°C. In (a) and (b) only 
those cross peaks have been labelled for which spin systems could be unambiguously assigned at pH 2.7, and sequential connec-
tivities obtained from the HNN and HN(C)N spectra, the HNCA and HN(CO)CA spectra, and the NOESY spectra. The low HN 
chemical dispersion is evident in the HSQC spectrum of the A form of barstar, as compared to that in the native protein spectrum. 
c, Illustrative sequential walks through F1–F3 planes in the HNN spectrum of the A form of barstar at pH 2.7. Sequential connec-
tivities are indicated for the Lys1 to Ile10 stretch in the protein primary sequence. Strips from the spectrum at the appropriate HN 
chemical shifts are shown. Black and red contours are positive and negative peaks, respectively. The distinct Gly plane in the 
HNN spectrum served as a starting triplet fixed point to obtain sequential connectivities. The F2 (15N) chemical shift is indicated at 
the top of each strip of the HNN spectrum. d, Schematic representation of the aggregated A form of barstar formed at low pH, 
showing a rigid aggregated core and with the N-terminal 20 residues (coloured red in the native barstar structure) of each of the 
sixteen monomeric subunits hanging free in solution. The figure has been reproduced with modification from ref. 112. 

 
 
of each of the monomeric subunits hanging free in solu-
tion, depicted schematically in Figure 4 d. Secondary 
chemical shifts, 3JHN,Hα coupling constants, lowered HN 
temperature coefficients, and the nature of sequential and 
a few medium range NOEs indicate that the free N-ter-
minals are in an essentially random coil conformation, 
but with some local ordering of structure112. 15N relaxa-
tion dynamics measurements and calculation of reduced 
spectral densities indicate large-amplitude high-fre-
quency motions of a highly flexible protein backbone in 
the N-terminal segments112. This study demonstrated the 
utility of NMR to carry out structural and dynamic char-
acterization of large soluble protein aggregates. 
 HX187 and other NMR studies188 have been useful for 
characterizing the partially unfolded intermediate forms 
of proteins which aggregate  irreversibly to form the 
insoluble amyloid fibrils implicated in several neuro-
degenerative diseases37–39. The amyloid state itself has 
eluded structural characterization at the individual resi-

due level, until recently189. On the basis of a comparison 
of the HX pattern of amide protons in the soluble native 
state and the amyloid state of β2-microglobulin (β2m), a 
structural model of the amyloid fibrils was obtained. It 
was shown that the β-sheet structure of native β2m is 
rearranged during formation of the amyloid cross-β-sheet 
structure, such that some loop residues are converted into 
strands189. In this study, the problem of obtaining high-
resolution structural data of large insoluble protein aggre-
gates was overcome by a novel HX methodology which 
exploited the ability of dimethylsulfoxide to solubilize 
amyloid fibrils to the monomeric form, while suppress-
ing, simultaneously, the intrinsic exchange rate of the NH 
protons. 

Concluding remarks 

It is clear that equilibrium NMR studies of disordered 
states of proteins can provide invaluable information at 

a b d 

c 
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the level of individual residues about the progressive 
accumulation of secondary structure and restriction of 
backbone dynamics, as the polypeptide chain collapses 
during folding to form more compact states. It has long 
been recognized that the burial of non-polar side chains, 
that is hydrophobic surfaces, is the main source of free 
energy change that drives the folding of proteins190. It 
appears from recent NMR studies that hydrophobic inter-
actions are important in unfolded and partially folded 
states of proteins, either in the formation of local clusters 
around hydrophobic residues, or for constraining the 
polypeptide chain to a volume and topology like that of 
the native fold. It appears unlikely that short range van 
der Waals and electrostatic interactions, or hydrogen 
bonding, are involved in the long range order seen in the 
unfolded states of some proteins. 
 NMR studies have shown that the denatured states of 
several proteins are compact to varying degrees, and may 
contain native-like secondary structural elements14. 
Variations in the stabilities of these secondary structural 
elements for different proteins may lead to different 
folding mechanisms, either nucleation–condensation or 
hierarchical folding14. HX studies coupled with NMR 
play an important role in determining stabilities of differ-
ent regions in a protein. For some proteins, the most sta-
ble region of the protein determined from native-state 
HX experiments, also appears to be the first to 
fold49,60,62,91,103–105. Thus, these studies, along with NMR 
analysis of residual structure in the unfolded state, can 
provide information about nucleation sites for initiation 
of folding. The role of a hydrophobic collapse in initiat-
ing folding, the role of secondary structure formation in 
guiding the folding process, and the question of whether 
non-native interactions present in unfolded and partially 
folded states of proteins necessarily retard folding, are 
issues which are currently being addressed. 
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